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Here we present a scanning probe microscopy method that allows for the identification of
regions of different polarity (i.e. hydrophilicity) in thin organic films. This technique is based
on the analysis of the difference between phase images generated at different applied bias
voltages in tapping-mode atomic force microscopy. We show that, without any chemical
modification of the microscope tip, it is possible to investigate surface properties of complex
macromolecular layers, yielding new insight into the functional properties of the photosynthetic
electron transport macromolecular complex, Photosystem I.

Keywords: Atomic force microscopy; Polarity; Organic films

1. Description of the technique

Due to the advances in surface science, a large number of thin organic films, such as
molecular self-assembled monolayers (SAMs) or protein layers, have been fabricated
[1]. Applications range from molecular electronics to advanced and ultrasensitive
bio-sensing [2]. In recent years, it has become clearer that the morphology of these
films plays an important role in determining their performances [3, 4]. For example,
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in order to produce efficient protein biosensors, the conformation of the receptor needs
to be known and controlled.

There are a few methods that allow for the identification and analysis of the
morphology and conformation of complex organic films. Some only analyse large
areas [1] (low spatial resolution); others, based on scanning probe microscopy, have
the needed spatial resolution but can only probe topological differences [1]. This is
an enormous limitation because, mostly for biological samples, the topological image
is complex and typically not interpretable [5]. Even in simple molecular SAMs, the
physical phenomena that lead to the topological contrast are sometimes not clear [6].
As a consequence, many groups are trying to extract non-topological information
from atomic force microscopy (AFM) images. One of the main efforts relies on the
chemical functionalization of AFM tips [7], a successful approach limited by the
unknown conformation of the molecules on the tip, and by the constrained
molecule/sample combinations. This family of approaches relies on the generation
of a map of the interaction forces between molecules on the tip and molecules on
the surface; the better the molecular combination (receptor–receptand), the better the
results.

A series of scanning probe microscopy techniques have been developed in recent
years to produce images that depend on the surface energy of the sample [8]. These
approaches tend to have promising applications for the characterization of molecular
and biomolecular surfaces. Some techniques map frictional forces derived from the
tip–sample interactions [9, 10]. In some cases tip functionalization can improve
resolution [7–9]. Biological samples sometimes are too soft for this contact microscopy.
Consequently some research focus has shifted towards a series of non-contact
microscopy based on surface potential detection [11], namely Kelvin probe microscopy
(KPM) [8, 12–14] and electrical force microscopy (EFM) [15]. KPM measures the
difference in surface potential between a sample and the tip. It is fundamentally limited
in resolution and probes only the outermost surface. EFM is a ‘lift mode’ technique,
in which the tip is raised from the sample and left free to oscillate at its resonant
frequency. Phase shifts are generated by electrostatic force fields. In one variation
(dynamic contact mode), EFM has been used in contact mode not in tapping mode,
thus with the tip in contact with the sample. This configuration enables the charges
to better decouple from topological effects [16].

Here, we present a method that, without any molecular tip functionalization, can
distinguish between regions with different polarities in an organic sample placed on a
conductive substrate. It is an evolution of EFM because it is based on the analysis of
the Electrostatically generated Phase difference in Tapping-mode AFM (EPTA).
In EPTA, the tip is always engaged and never lifted from the sample. This was
found to be helpful in generating large phase shift and ultimately in improving lateral
resolution. Indeed, here we show images of a protein with 7 nm resolution.

Phase, in AFM, is the delay between the driving piezoelectric crystal oscillations and
the tip oscillations. It is known that phase images are maps of the dissipative forces that
take place at the tip–sample interface [17–19]. In the case of organic samples, these
forces mostly originate in the sample itself. In fact, the tip, typically a single Si crystal,
has an almost vanishing imaginary (dissipative) component of its mechanical response.
On the contrary, for complex supramolecular (or macromolecular) thin layers,
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the sample will have a large conformational freedom (at least compared to the tip) and
thus a significant dissipative part in its mechanical response. Upon application of a bias
between the tip and the conductive substrate, viscoelastic type of oscillations induced by
the strong oscillating local field (note that the field is oscillating because a constant bias
is applied between the fixed sample and the oscillating tip) will generate new dissipative
channels only in the interacting polar (or charged) parts. This will result in an increase
(in absolute value) of the phase response. EPTA is based on the difference between
phase images taken at varying electrical biases. Apolar regions in the sample weakly
interact with the field and consequently show little phase changes. Polar or charged
regions interact strongly with the field, thus changing their phase response.
Additional contribution to the EPTA response come from the sample interfacial
potential [8] and the condensed water layer that is always present on samples [20, 21].
Both effects amplify EPTA response (the former being much smaller than the latter),
being stronger on polar regions [21] of a sample and thus help improve EPTA
resolution. Since EPTA is the difference between two phase images, the effect of all
other factors that produce phase contrast [19] is eliminated. It should be noted that
in EPTA a bias is applied while imaging with the tip engaged on the sample, not after
the tip has scanned and has been ‘lifted’ at a fixed distance from the sample (interleave
mode) [22]. Also, all of the parameters (e.g. drive frequency or drive amplitude) used to
engage and image at zero bias are left unchanged when imaging at a given voltage.

To test our idea, we prepared two SAMs, one made of molecules terminated with
a polar group (6-mercapto-1-hexanol, MH, HS-(CH2)6-OH), and the other made of
apolar molecules (1-hexanethiol, HT, HS-(CH2)5-CH3). Both SAMs were prepared
on Au (111) surfaces thermally evaporated on freshly cleaved mica substrates.
As shown in figure 1 the application of an electric field mostly does not vary the
AFM height images in either case. In general, on both polar and apolar samples, the
topological images degrade slightly due to the formation of attractive or repulsive
tip–substrate forces that change the cantilever oscillating conditions. This effect is
stronger for polar samples. On the contrary, phase images show a different behaviour
for the two SAMs. A large phase variation was observed upon application of a bias
(þ3V) for the polar SAM (MH), while, in the case of the apolar SAM (HT), phase
variations were hardly observed even upon application of a larger field (þ5V). This
confirms that phase values change only in monolayers that can interact with the
field. Additionally, for MH monolayers, the phase shift (i.e. phase at 0V minus
phase at the applied bias) showed a quadratic dependence on the applied bias, as
expected for a field–dipole type of interaction [23] (see Appendix A). When EPTA
was used to analyse a SAM composed of charged molecules 1-(10-mercaptodecyl)-10-
methyl-4,40-bipyridinium bis-chloride (see Appendix A for a schematic drawing and
synthetic procedure), large phase changes were observed. In this case, the dependence
of the phase shifts on the applied bias was asymmetric. Many explanations are possible
for this effect, ranging from different mobilities of the charged molecules and their
counter-ions, to induced mechanical asymmetry or to the presence of a net charge;
further investigations are needed. In any case, we believe that the analysis of the
phase shift versus applied bias plot provides additional information in EPTA.
Indeed, simpler polar regions will respond almost identically to opposite biases while
charged regions will respond preferentially to an opposite tip bias. All of the monolayer
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images shown in this paper were obtained in the non-contact regime of tapping-mode
AFM (as defined in [17]), but similar results were obtained in the intermittent contact
regime (indeed the protein images are made in this latter mode) [17–19].

To further confirm our interpretation of EPTA images, we simulated the setup using
a harmonic force balance model originally derived for dynamic modes of AFM [24].
It utilizes a set of equations based on the steady-state sinusoidal motion of the AFM
cantilever and it can be solved for AFM imaging variables, such as amplitude,
DC offset, and, most importantly, phase. The equations were modified to include the
electrostatic forces present in EPTA by introducing a term for the capacitive force.
The tip–substrate capacitor was modelled by a sphere–plane geometry [25–26]. First,
simulations were run to determine the effect of changing the dielectric constant of
a neutral monolayer. Simulation parameters were determined by the specific experimen-
tal setup, as well as [24]. The simulation presented in figure 2(a) shows, qualitatively,
the quadratic shape of the voltage versus phase shift plots, in good agreement with

Figure 1. Tapping-mode AFM images of homogeneous monolayers on gold (111) on mica. Height and
phase images were collected at the same time on different channels of the microscope. During imaging, while
scanning from the top to the bottom, the voltage applied from the tip to the sample was changed as indicated.
(a) and (b) are images of a 1-hexane-thiol (apolar) monolayer. (c) and (d) are images of a
6-mercapto-1-hexanol (polar) monolayer. Both height images (a) and (c) do not change upon application
of a bias voltage. The phase image of the apolar monolayer (b) shows almost no change upon application of
a strong bias (5V). It is evident how the phase images of the polar monolayer (d) show a large change upon
application of a mild bias (3V). This figure is available in colour online.
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the experimental results. Importantly, it shows the strong dependence of the parabola’s
curvature on the sample’s dielectric constant. A more quantitative analysis was
performed for MH monolayers, using a sample dielectric constant of 14, that of
tethered hexane molecules (the –SH functionalization was ignored since it is used to
anchor the monolayer to the substrate). The results of these calculations are shown
in figure 2(b) along with experimental data points. The two data sets are in very
good agreement especially at small voltages. Thus, a simple sphere–plane capacitor
model can accurately reproduce the behaviour of EPTA.

The main strength of this method is to distinguish polar from apolar regions in a
sample. To prove this, we produced a mixed monolayer composed of 1-octanethiol
(OT, HS-(CH2)7-CH3) and 3-mercapto-1-propionic acid (MPA, HS-(CH2)2-COOH)
on a Au (111) surface. These two molecules are known to phase-separate into distinct
regions when forming SAMs on flat surfaces [27, 28]. While the simple use of
phase-imaging allows for the recognition of two different chemical regions, it does
not allow for the assignment of the chemical nature of such regions. It is challenging
to understand whether there are islands of MPA in an OT matrix or vice versa. By
comparing phase images taken at 0V and at þ2V (see figure 3a, b and c) we noticed
that the phase value of the islands decreased from an average of 11� to an average of
5�, while the matrix (that surrounds the islands) did not change its average value
(�11�). This allowed us to understand that the observed phase-separated islands
were composed of MPA while the matrix was made of OT molecules. To the best of
our knowledge, this is one of the simplest ways of performing chemical recognition
on a sample analysed by AFM with a tip that has no molecular coating.

We used EPTA to investigate the surface properties of a large macromolecular mem-
brane protein complex, Photosystem I (PSI), isolated from chloroplast membranes [30].
A monolayer of this protein complex was unidirectionally oriented on a gold substrate
as described in the literature [31]. We imaged the PSI complex at different voltages and
found an asymmetric behaviour (figure 3d, e and f ). Phase images at þ1V and 0V

Figure 2. Harmonic force balance simulations for EPTA. (a) demonstration of the fundamental operating
principle of EPTA by showing the effect of monolayer dielectric constant on phase shift. An increase in the
dielectric constant, which corresponds to an increase in the polarity of the monolayer, leads to greater
electrostatic dissipation and, hence, a larger phase shift. (b) Comparison of simulation and experimental
EPTA on a mercapto hexanol monolayer. The simulation is in good agreement with the experimental data.
For both (a) and (b) cantilever parameters were: k¼ 35N/m, !0¼ 300kHz, R¼ 10 nm. This figure is
available in colour online.
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showed almost no difference, while phase images taken at �1V consistently presented
the appearance of three triangularly arranged lobes spaced 10 nm. We assigned
the appearance of these lobes to the presence of an electron conductive channel that
are potentially the same regions of the complex involved in light-induced charge
separation [32]. Moreover, the asymmetry of the PSI image was consistent with the
rectifying behaviour of this electron transport protein complex as described in the
literature [31]. This new insight into the functional properties of an immobilized
monolayer of a macromolecular complex demonstrates the versatility and power
of EPTA.

As stated above, the EPTA signal has one contribution that depends on the presence
of a water layer on the substrate [20]. In order to estimate the water–viscoelastic
response relative to the sample–viscoelastic contribution to the EPTA signal, we
made a series of EPTA measurements on an OT :MPA mixed SAM at varying relative
humidity. We plotted the difference in the average phase value of MPA domains at 0V
and þ2V, i.e. the EPTA signal, at various relative humidity values. The values were
measured in random order to avoid monotonic build up of the water layer. A linear
increase of the EPTA signal with relative humidity was observed, but the intercept of
this linear trend at zero relative humidity was not zero but �2� (figure 4). This is the
sample contribution to the EPTA signal. It should be noted that this contribution
can be as high as 60% and as low as 30% of the total signal at common relative

Figure 3. Tapping-mode AFM phase images obtained at different biases and their difference (EPTA image)
shown for a mixed monolayer and for a protein system both on Au (111) on mica. (a) and (b) are phase images
of a mixed monolayer composed of 1-octane-thiol and 3-mercapto-propionic acid. Both images show
high-phase islands embedded in a low-phase matrix. The difference between these two images (c, EPTA
image) shows that the islands change their phase value much more than the matrix, indicating that the islands
are the most polar part of the sample and thus they are mainly composed of 3-mercapto-propionic acid. (d)
and (e) are phase images of Photosystem I. The difference between these two images (f, EPTA image) shows
that there are three islands arranged in a triangular fashion and spaced 10 nm. By comparing this experimental
evidence with the X-ray determined structure of the protein [29] we could conclude that a trimeric complex
was formed. These series of images testify to the versatility and power of EPTA. This figure is available in
colour online.
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humidity conditions. Additionally, the measurements done on Photosynthesis I show
that EPTA is able to extract data from samples uniformly coated with a water layer.
In order to check whether tip contamination or tip chemical interface had a role in
EPTA, we coated our tips with OT SAMs and repeated our measurements on
OT :MHA samples. The results were statistically identical to the ones obtained with
uncoated tips.

In order to obtain the results presented above we used a standard commercial AFM
and no special modification of hardware, software, or complex tip was required. We
thus believe that this new and novel analysis method could be widely adopted with
little additional investments by many laboratories worldwide. In conclusion, here we
have shown a new technique (EPTA) able to extract chemical information about
a sample without the need of tip functionalization.

2. Experimental section

All AFM images were obtained using a Digital Instrument MultiMode Nanoscope IIIa,
using both an E and a J scanner. Phase values were obtained though a Quadrex module,
known to generate absolute phase values. All experiments presented in the paper were
performed using Veeco NanoprobeTM tips (Model #: RTESP; length 125 mm;
resonance frequency �300 kHz) coated with a 5 nm thick thermally evaporated
chromium gold layer, except mixed monolayer imaging, that was done using Veeco
NanoprobeTM conductive tips (Model #: OSCM-PT; length 240 mm; resonance
frequency �70 kHz). The choice of the tip was not optimized, and depended on avail-
ability of tips in the laboratory. Relative humidity was controlled by placing the whole
instrument in a closed chamber provided with a humidity control setup.

All samples were prepared on gold (111) thermally evaporated on freshly cleaved
mica purchased from Molecular Imaging and used as received. The samples were

Figure 4. Phase difference versus relative humidity plot in EPTA showing an intercept at 2.2� for zero
relative humidity. On the abscissa we plot the difference between the average value of the phase signal of
an MPA region in an MPA :OT SAM at 2V subtracted from its average value at 0V. The intercept value
indicates the sample contribution to the EPTA signal; the extra value is due to the water layer. It should be
noted that the OT phase signal does not scale with relative humidity.

Visualization of polar and non-polar parts in thin organic films 69

D
o
w
n
l
o
a
d
e
d
 
A
t
:
 
1
1
:
2
1
 
1
5
 
J
a
n
u
a
r
y
 
2
0
1
1



mounted on a magnetic sample holder and double-sided conductive tape was used to
ensure a conductive path from the gold to the holder. Average resistance was 500 k�.

Voltage was applied from the tip to the sample through the microscope; specifically
we used the feature ‘‘tip bias/analog 2’’ in the Nanoscope software.

6-mercapto-1-hexanol (MH), 1-hexanethiol (HT), 3-mercapto-propionic acid
(MPA), 1-octanethiol (OT) and all of the organic solvents used in experiments were
purchased from Aldrich and used as received. Millipore water with high purity (�¼
18.6M� cm) was used to prepare and purify the samples. MH was prepared from a
1mM water solution. HT and MPA/OT (95 : 5molar ratio) monolayers were
prepared from a 1mM ethanol solution. All monolayers were obtained by overnight
immersion and thorough rinsing with multiple solvents. Protein samples were prepared
as described in [31].

Appendix A

A.1. Synthetic procedures

N N SCOMe

I−

N N SCOMeMe

2Cl−

N N SHMe

+

1) MeI / DMF
RT / 1 d

1

 MeCOCl / MeOH
–78ºC → RT / 3 h

+

2
+

+

+

32Cl−

2) Et4NCl / MeCN
RT / 1 d

A.1.1. General methods. Chemicals were purchased from commercial sources and
were used as received. DMF was dried on 4 Å molecular sieves. MeCN was distilled
over CaH2. MeOH was distilled over Na. Thin layer chromatography (TLC) was
carried out on aluminium sheets coated with silica gel 60F254. Melting points (mp)
were determined with an Electrothermal 9100 and are uncorrected. Fast atom
bombardment mass spectra (FABMS) were recorded with a VG Mass Lab Trio-2
using 3-nitrobenzyl alcohol as matrix. Nuclear magnetic resonance (NMR) spectra
were recorded with a Bruker DPX 300.

1-(10-acetylsulfanyldecyl)-10-methyl-4,40-bipyridinium bis-chloride 2. A solution of 1

(100mg, 0.2mmol) and MeI (2.28 g, 16mmol) in DMF (1.5mL) was stirred for 1 d
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at ambient temperature. The solvent was distilled off under reduced pressure and the
residue was crystallized from MeCN (7mL). The resulting solid was suspended in
MeCN (3mL), combined with a saturated MeCN solution of Et4NCl (5mL), stirred
at ambient temperature for 1 d and filtered to give 2 (105mg, 82%) as a white solid;
mp¼ 226–230�C (dec.); FABMS: m/z¼ 386 [M– 2Cl]þ; 1H-NMR (CD3OD): �¼ 9.29
(2H, d, J¼ 7Hz), 9.19 (2H, d, J¼ 7Hz), 8.58–8.78 (4H, m), 4.75 (2H, t, J¼ 8Hz),
4.53 (3H, s), 2.84 (2H, t, J¼ 7Hz), 2.29 (3H, s), 1.99–2.18 (2H, m), 1.21–1.62
(14H, m); 13C-NMR (CD3OD): �¼ 197.68, 151.23, 151.01, 148.02, 147.10, 128.37,
128.01, 63.33, 32.53, 30.74, 30.53, 30.37, 30.08, 29.81, 29.73, 27.18.

1-(10-mercaptodecyl)-10-methyl-4,40-bipyridinium bis-chloride 3. Acetyl chloride (42 ml,
0.6mmol) was added dropwise to a solution of 2 (38mg, 0.08mmol) in degassed MeOH

(10mL) maintained at –78�C under N2. After 10min, the mixture was allowed to warm
up to ambient temperature in 3 h. The solvent was distilled off under reduced pressure
to afford 3 (33mg, 99%) as a red solid; mp¼ 223–224�C (dec.); FABMS: m/z¼ 344
[M–2Cl]þ; 1H-NMR (CD3OD): �¼ 9.28 (2H, d, J¼ 7Hz), 9.19 (2H, d, J¼ 7Hz),
8.65–8.69 (4H, m), 4.75 (2H, t, J¼ 8Hz), 4.53 (3H, s), 2.48 (2H, t, J¼ 7Hz),
2.00–2.20 (2H, m), 1.53–1.66 (2H, m), 1.28–1.42 (12H, m); 13C-NMR (CD3OD):
�¼ 151.48, 151.20, 148.16, 147.24, 128.43, 128.07, 63.49, 35.27, 32.67, 30.59, 30.52,
30.24, 30.22, 29.46, 27.34, 25.07.
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This figure is available in colour online.

Visualization of polar and non-polar parts in thin organic films 71

D
o
w
n
l
o
a
d
e
d
 
A
t
:
 
1
1
:
2
1
 
1
5
 
J
a
n
u
a
r
y
 
2
0
1
1



Phase shifts plotted against the applied bias in the case of (a) a homogenous
hydrophilic SAM (6-mercapto-1-hexanol) and (b) a homogeneous SAM composed of
molecules with localized charges (1-(10-mercaptodecyl)-10-methyl-4,40-bipyridinium
bis-chloride). The phase shift is defined as the absolute difference between the average
phase values at a given applied bias minus the average phase value at zero bias. It should
be noted that, in the case of neutral molecules, the curve is perfectly symmetrical and
quadratic, while, in the case of molecules with localized charges, the plot is asymmetric.
The continuous lines are fits to help the eye.
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